
Assessment of Tissue Viability Following Electroosmotic Push−Pull
Perfusion from Organotypic Hippocampal Slice Cultures
Amy E. Rupert,† Y. Ou,† M. Sandberg,‡ and S. G. Weber*,†

†Department of Chemistry, University of Pittsburgh, Pittsburgh Pennsylvania 15260, United States
‡Department of Medical Biochemistry and Cell Biology, Gothenburg University, Gothenburg, S 405 30 Sweden

*S Supporting Information

ABSTRACT: We have developed a novel sampling technique
that allows both introduction and removal of fluid from the
extracellular space of living tissue. This method is based on the
fluidics of push−pull perfusion but flow is driven by
electroosmosis. We have applied this method to organotypic
hippocampal cultures. A source capillary is inserted into the
tissue and a collection capillary is in contact with the tissue
surface through a thin layer of fluid. A voltage is applied across
the proximal ends of source and collection capillary. In the
applied field, fluid will move from source, into the tissue, and
then be collected. In this process, damage to cells may occur. To understand better what sampling conditions influence damage
most, we tested various sampling geometries and applied voltages, quantifying damage 16−24 h later using propidium iodide as a
cell death marker. We found that damage correlates with both voltage drop and power dissipated in the tissue, but that voltage
drop is a better indicator of damage when comparing models in which capillary arrangement and length are different.
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The efficacy of a chemical signal in the brain depends on its
ability to reach a target receptor. The journey of a

neurotransmitter or neuromodulator to a target receptor is
especially treacherous during volume transmission. As it makes
its way through the extracellular fluid, the neuroactive molecule
may diffuse away from its target receptor, be removed from the
extracellular fluid by uptake, or be degraded or modified by
extracellular enzymes. Neuropeptides are hydrolyzed by
ectopeptidasesmembrane-bound, outward facing enzymes.
Thus, modulation of an effect of a neuropeptide can be
governed by the location and activity of ectopeptidases. We are
interested in this process, particularly in endogenous
ectopeptidase activity that degrades galanin, a 29-amino acid,
C-terminal amidated peptide (30 with a carboxylate C-terminus
in humans) that is neuroprotective against excitotoxicity both
in vitro1−3 and in models of seizure in vivo.4−6 Galanin-like
immunoreactivity increases in the postischemic gerbil hippo-
campus in vivo.7 In response to ischemic injury, the brain may
foster neuroprotection through galaninergic pathways by
increasing release to the extracellular space or decreasing
degradation. In both cases, the likelihood of galanin reaching,
binding to, and activating the galanin receptor would be greater.
One way to investigate the dynamics of ectopeptidases

activity is to expose ectopeptidases to substrate and measure
the product of the enzymatic reaction in a time-dependent
manner. A typical determination of ectoenzymatic activity in
tissue involves isolation of the membrane fraction from a tissue
homogenate prepared from a known weight of tissue followed
by determination of the rate of substrate conversion to

product.8−12 A more informative approach would involve
introduction of substrate to the extracellular space of intact
brain tissue for a known amount of time followed by analysis of
the contents of the extracellular space after a given time.
Microdialysis has been used to study enzymatic reactions, but
the dialysis membrane limits the size of what can be introduced
or recovered.13−22 In addition, the spatial resolution of
microdialysis may also be a limitation. Low-flow (LF) push−
pull perfusion,23−25 while it has not been used to study enzyme
reactions, can in principle both directly introduce a substrate to
the extracellular fluid with subsequent removal of products
from tissue. The LF push−pull cannula consists of concentric
or adjacent capillary tubes and uses pressure-driven flow to
push fluid through the center capillary into a sample while a
vacuum is applied to the outer capillary to remove perfused
fluid from the tissue. Flow rates ranging from 1 to 50 nL/min
are achievable, rates that minimize damage and, in the lower
region (1−2 nL/min), sample slowly enough so as not to
remove fluid faster than it can be replenished.23,26,27 However, a
careful balance of pressure and vacuum must be maintained to
regulate this flow, and once in the tissue sample the direction
and velocity of the fluid is no longer directly controlled.
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We have developed a method that is, in some ways, similar to
low-flow push−pull perfusion. This new method, termed
electroosmotic push−pull perfusion (EOPPP), employs two
capillaries. An applied current passes from one capillary,
through the tissue, into the other capillary. Fluid moves in
the same path and direction by electroosmotic flow.28 A
primary concern when investigating living brain tissue with
invasive probes is disruption of the neurochemistry that we seek
to understand. Considerations of sample-site disruption are
reflected in the history of sampling development; microdialysis
was developed in the 1980s to avoid perturbations from early
push−pull perfusion methods.29−31 Recently developed low-
flow push−pull perfusion uses flow rates in the nanoliters per
minute range23,27 which causes minimal damage to cells in the
rat retina in vivo. Even in microdialysis, while many suggest that
an equilibration period of 24−48 h after probe implantation is
sufficient to allow surrounding tissue to recover from surgical
procedures,32 evidence shows that implantation of the probe
alters intrinsic neurochemistry and that the measurements may
suffer from reduced sensitivity to analyte in the extracellular
space due to an immune response and astrogliosis.33,34 These
effects must be understood and taken into account to
understand properly the information derived from collected
samples.35,36 To assess the extent of damage from EOPPP, we
used propidium iodide (PI) as a cell death marker.37 We also
couple experimental investigations with finite element modeling
to determine what aspects of the sampling geometry or
conditions influence damage the most with the goal of defining
conditions that minimize damage.

■ RESULTS AND DISCUSSION

Quantifying Damage. To quantify damage, images of PI-
stained sampled tissues were quantitatively compared to images
of PI-stained positive controls (PC) and negative controls
(NC).
PI fluorescence in regions of interest (ROIs) was measured

using SimplePCI software. ROIs were drawn where there was
visible damage. An ROI was also created around each
hippocampal region in both positive and negative controls, as
shown in bottom panels of Figure 1 (1b, 2b, and 3b). We
measured the mean fluorescence intensity (If) and area of each
ROI. For accurate delineation of ROIs, we increased the image
contrast. Unmodified images were used for quantifying cell
death in the image.
The damage in the sampled region (i.e., Cornu Ammonis

Area 3, CA3) was calculated using eq 1 where I is fluorescence
intensity and subscripts S and NC refer to sampled and
negative control, respectively. AR is the area of the particular
region where sampling occurred.

= −I I Adamage in sampled tissue ( )S NC R (1)

This represents sampling-induced PI fluorescence, which we
will refer to as “damage”. This value was then used to calculate
the fraction of susceptible cells in the sampled region (e.g.,
CA3) by using the damage found in the positive control, eq 2,
as a reference. This calculation was important when comparing
damage between different sized regions. The damage for each
region in positive control is (mean ± standard error of the
mean (SEM)) 23.3 ± 1.2, 43.6 ± 4.0, and 8.2 ± 4.8 for the
CA3, Cornu Ammonis area 1 (CA1), and infrapyramidal blade

Figure 1. Representative images of tissues stained with PI following EOPPP and ROIs for quantitation. Scale bar = 0.5 mm. (1a) MeOH-treated
positive control tissue with (1b) regional ROIs drawn around the Cornu Ammonis region 1 (CA1), Cornu Ammonis region 3 (CA3), and
infrapyramidal blade of the dentate gyrus (DG-IP). (2a) Negative control tissue with (2b) regional ROIs drawn around the CA1, CA3, and DG-IP.
(3a) Sampled tissue with damage in CA1 region and (3b) “local” ROI drawn around the PI fluorescence. The contrast in the negative control image
(2a and 2b) has been increased to facilitate visualization of the hippocampal structure.
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of the dentate gyrus (DG-IP), respectively. These values have
units of fluorescence intensity.

= −I I Adamage in positive control ( )PC NC R (2)

Finite Element Modeling. In single capillary electro-
osmotic sampling,38,39 a correlation was found between the
power dissipated within the tissue and the damage induced by
the sampling.40 In that analysis, power was calculated by
multiplying the experimental current by the voltage drop within
the tissue. This voltage drop was calculated numerically in
COMSOL Multiphysics, a finite elements modeling program.
We began with a similar approach for EOPPP, using COMSOL
to calculate the power and voltage drop within the tissue when
a potential difference is applied to the ends of the source and
collection capillaries. In a recent report,40 we oversimplified our
treatment of tissue conductivity. In that report, the tissue
conductivity was calculated as the bulk electrolyte conductivity
multiplied by the porosity, ε (0.4141). In reality, tissue
conductivity scales as a factor that includes both porosity and
tortuosity often called the formation factor in the geology
literature.42 In models of porous media, this factor is often
given as ε/λ2 (where λ is the geometric tortuosity of the porous
material).43 While there is no report of a geometric tortuosity
for OHSC tissues prepared from early postnatal rats, we use the
best approximation, 1.39, obtained by electrochemical measure-
ments of the diffusion of TMA in p5-p7 acute hippocampal
slices.41 EOPPP was modeled in a 3D workspace in COMSOL
Multiphysics (v. 4.3). Figure SI-1 in the Supporting
Information lists boundary conditions and subdomain proper-
ties and contains a screenshot of the model in the COMSOL
workspace. We also remodeled single capillary electroosmotic

sampling, with the appropriate treatment of conductivity.
Figure SI-2 is a sketch of the single capillary model with
relevant boundary and subdomain conditions. Numerical
solutions of the Laplace equation were used to calculate the
voltage drop within the tissue. Figure 2 is a color surface plot
with contour labels of the voltage drop in a tissue being
sampled.
We first focused on damage trends as they may relate to the

voltage drop in the tissue. To calculate voltage drop, we
modeled various sampling geometries in COMSOL and found
the difference in voltage between the middle of the source
lumen and the tissue under the center of the collection lumen.
Four geometrical parameters were varied to investigate damage
trends: source tip diameter, source insertion depth, collection
capillary diameter, and collection capillary-to-tissue distance.
To get a better idea of which parameters actually contribute to
voltage drop, one variable was changed at a time to see the
effect of that particular variable. Figure 3 illustrates the effect of
changing different components of the sampling geometry on
voltage drop. As voltage drop scales directly with applied
voltage, the ratio of voltage drop to applied voltage (Vtissue/
Vapp) is calculated on the y-axis. One geometry was chosen as a
reference point (200 μm source barrel, 20 μm source tip
inserted 40 μm into the tissue, and a 75 μm collection capillary
25 μm above the tissue surface), and the effects of changing
each component to a larger or smaller dimension was
investigated.

Simplified Calculations of Voltage Drop. The voltage
drop in the tissue was estimated without the use of COMSOL
by simply calculating the tissue’s resistance compared to the

Figure 2. Surface/contour color plot of the voltage drop from source tip. The plane shown contains the symmetry axes of the two capillaries and
zooms in on the area between them. A voltage difference of 300 V was applied across two 30 cm long capillaries: a 200 μm source capillary pulled to
a 20 μm tip inserted 40 μm into the tissue was at 0 V and a 75 μm collection capillary 25 μm above the surface (contacting the tissue by a layer of
HBSS) of the tissue is held at −300 V. The color gradient indicates voltage drop. Contour lines accompany the surface color plot, and are labeled
with the corresponding voltage drop from the center of the source capillary lumen. Inset is a plot of voltage drop along the line that connects the
source capillary tip lumen to the tissue surface under the center of the collection capillary.
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resistance of the entire system. Figure 4 is a sketch of the
sampling system, simplified as resistors in series.

To calculate the values shown in Figure 4, we first started by
calculating the resistance (R) of each component (eqs 3−7).
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Sigma (σ) is the conductivity of the electrolyte filling the
capillaries, r or l specifies the radius or length, respectively, of
the component in subscript. In eq 5, the factor λ2/ε is the
inverse of the formation factor. The “length” of the tissue was
calculated using the geometry in Figure SI-3. We approximated

the source tip and the tissue as truncated cones. β corrects for
our approximation that the tissue in this model is cone-shaped
spanning from the source lumen to an imaginary boundary the
shape of and directly underneath the collection lumen on the
tissue surface; in reality, current is not restricted to a cone.
CTD is the collection capillary-to-tissue distance, and the radius
in the denominator of eq 6 is the radius of the outer diameter
of the capillary wall. Equation 8 estimates the portion of the
total voltage that occurs in the tissue.

= + +

+ +

V V R R R R

R R

/ /(

)

tissue app tissue sourcecapillary sourcetip tissue

HBSS collectioncapillary (8)

The factor β was found to be 0.144 by forcing eq 8 to equal the
central value in Figure 3 ((Vtissue/Vapp) = 8.3 × 10−4 for a 200
μm i.d. source barrel, 20 μm source tip, 75 μm i.d. collection
capillary).

Damage Trends. Neither the source tip size nor the
insertion depth of the source capillary (DBS) had a significant
effect on damage in the range we tested (Figure SI-4, panels A
and B). However, as Figure 5 shows, damage in the CA3 is
correlated to the voltage drop in the tissue. Although there is
considerable scatter in the results, it can also be seen that the
CTD had minimal influence on cell death. When the CTD is
zero, damage occurs.40 We suspect that the damage caused in
this situation is not electrical. In this COMSOL model, we did
not permit the tissue to deform or change shape. In reality,

Figure 3. Effect of changing sampling geometry on the average electric
field in the tissue. The green bar in each case corresponds to 200 μm
source i.d. with a 20 μm tip inserted 40 μm into the tissue (DBS) and
a 75 μm collection i.d. with a capillary-to-tissue distance (CTD) of 25
μm. The blue and red bars represent increasing or decreasing the
indicated parameter to the size listed on the bar (listed in μm).

Figure 4. Simple resistance model for calculating voltage drop across
the tissue. The source capillary, collection capillary, and the layer of
HBSS between tissue and collection lumen are represented as
cylindrical resistors. We treat the source tip and tissue as truncated
cones.

Figure 5. Damage versus the voltage drop within the tissue. (A)
Damage in CA3 versus COMSOL-calculated voltage drop for both
EOPPP and the single capillary configuration. The numbers indicated
in the legend are collection capillary i.d./collection capillary-to-tissue
distance. For all points, the source barrel was 200 μm. For EOPPP
(solid data points) voltage drop is the difference in voltages between
source capillary and tissue surface under the collection capillary. Data
for the single capillary sampling are taken from Hamsher et al.40 For
these data, the voltage drop is the difference between the surface and
bottom of the tissue. Total n = 170. (B−E) are PI-stained images
representing different damage values as indicated on each image. Error
bars are SEM, total n (EOPPP) = 151, and total n (single capillary) =
270.
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because the tissue and capillary do not have the same zeta
potentials44,45 there is a contribution of pressure to fluid flow
between capillaries.28 When the capillary and tissue are
adjacent, the pressure may damage the tissue by pressing it
against the capillary. The increased capillary-to-tissue distance
at the collection capillary might relieve some pressure on the
tissue at this interface, minimizing damage from physical stress.
Damage in the CA1 and DG-IP was also investigated,

compared to the CA3, and shown in Figure 6. The CA1 was

more vulnerable than the CA3 under identical sampling
conditions with the statistical significance shown in Figure 6.
The DG-IP is hardly affected at all by the conditions used.
Figure 7 addresses damage in EOPPP sampling as a function of
power dissipated, illustrating that there was a correlation
between damage and power, although results from the single
capillary approach and EOPPP are not superimposed (see
Figure SI-5 for set plotted on the same graph). The fact that the
correlation with power was different for the single- and two-
capillary approaches, while the damage correlation with voltage
drop in the tissue correlated similarly in both experiments
suggests that the voltage itself rather than a manifestation of the
voltage, for example, Joule heating, is responsible for the
damage.
While the voltage drop or power can be used to estimate

damage, it is most practical to summarize trends in terms of
actual experimental parameters such as applied voltages and
capillary dimensions. In the single capillary design,38,39 we
found that decreasing the collection capillary i.d. and increasing
the collection capillary-to-tissue distance minimized the damage
associated with sampling.40 Collection capillary i.d. is still the
overarching factor that dictates damage in EOPPP, as insertion
depth, tip diameter of the source capillary, and capillary-tissue
distance at the dimensions tested, had little influence. We did

not investigate the source capillary barrel diameter. However,
based on the model of simple resistance, decreasing a capillary
diameter decreased the voltage drop in the tissue. Thus, we
predict that a smaller source capillary decreases damage.
An electric field in tissue will affect the transmembrane

potential of a cell, but the effects vary depending on the
strength of the field, the size and shape of the cell, and length of
time that the field is applied. When a cell is depolarized for
prolonged periods of time, such as during exposure to high
concentrations of potassium, the cell membrane and health of
the cell can be compromised.46 However, prolonged weak DC
fields have been used in a variety of beneficial applications, from
modulating neuronal excitability in hippocampal slice cul-
tures47,48 to treating stroke patients through transcranial direct
current stimulation.49 High electric fields can cause electro-
poration;50 however, the average fields in the tissue were well
below the electroporation threshold.
We turn to COMSOL to infer how the electric field may

interact locally with neurons in the tissue. We visualized the
electric field outside of the source capillary, noting that the
electric field at the tip of the source capillary was rather high
but decayed rapidly in every direction outside the tip (except
within the capillary itself). The field at a 20 μm radius from the
tip is only 10% of that at the tip. At the most, one or two 30 μm
pyramidal neurons have a portion of their cell membranes in
this zone of high field, but only the portion of the membrane
closest to the source capillary will be affected significantly. This
side of the cell near the tip will actually be hyperpolarized. The
opposite side of the cell, a distance of 30 μm away, will have a
less negative transmembrane potential than the resting
potential. Because the field is sufficiently decayed at this
point, the portion of the cell that can be depolarized
experiences a much lower field. However, those few cells near
the source tip experience the high field for an extended period
of time. This may be enough to initiate spreading depression
(SD) events.51 In fact, preliminary but incomplete calcium

Figure 6. Tissue damage in the CA3, CA1, and DG-IP from
electroosmotic sampling in each area. In each case, the source capillary
i.d. was 200 μm, the source tip was 25 μm, the DBS was 60 μm and the
CTD was 25 μm. The i.d. of the collection capillary was either 50 or
75 μm. The y-axis is damage calculated according to eq 1. Error bars
are SEM. Statistical tests were performed on sets of data that were
collected under similar voltage drops. Data points marked with
asterisks (*) indicate significant difference (*** = p < 0.005, * = p <
0.05). Those outlined in a dashed line were tested, but differences
were not significant.

Figure 7. Damage in CA3 with respect to power dissipated in the
tissue. Damage in CA3 versus COMSOL-calculated power dissipated
for EOPPP. The numbers indicated in the legend are collection
capillary i.d./collection capillary-to-tissue distance. For all points, the
source barrel was 200 μm. Power was calculated by integrating the
square of the electric field over the tissue domain in COMSOL and
multiplying by the conductivity of the tissue. Error bars are SEM, total
n = 151.
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imaging experiments suggest that over a certain voltage drop
threshold, a spreading depression (SD) event could be initiated.
These events were more probable when the voltage drop within
the tissue was 250 mV or greater, and were not seen at voltage
drops less than this value. Despite evidence that spreading
depression does not cause damage in normal brain tissue52 nor
in the healthy tissue to which SD waves from an area of
damaged tissue may propagate,53 more extensive experiments
are required to understand how the sampling electric field may
affect the tissue.

■ CONCLUSION
We have found correlation between damage to an OHSC
sampled by EOPPP and various sampling conditions. In
general, conditions leading to low or no observable cell death
(based on PI fluorescence) are those that have low dissipated
power and low voltage drops between capillaries. This can be
achieved by using capillaries with smaller diameters. Neither the
size of the source tip nor the source tip insertion depth
influenced the overall damage as greatly as the collection
capillary i.d.
For a sampling method to be viable, it is important,

imperative really, to be aware of how sample collection affects
the sample and the information contained within. If possible,
one should try to minimize this external influence on the
information content in the acquired sample. We can only learn
information about endogenous mechanisms when we know
that these mechanisms are not changed due to the sampling
method itself. This work, combined with the companion
paper54 shows that we are able to realistically sample the
extracellular space without causing a great deal of damage.
However, the observed trends serve simply to guide an
experiment. Individual circumstances will dictate specific
parameters. For example, a study of the release of neuro-
transmitters in the extracellular space requires close attention to
preventing cell death and preventing depolarization. However,
if one were looking for ectopeptidase activity, as long as the cell
membrane remains intact during the experiment, there should
be no significant effect of related to cell damage that is only
seen several hours after the experiment is over.
In addition to establishing trends with experimental data, we

have developed a working correlation through the use of
COMSOL simulations between electrical conditions in the
tissue and the experimental damage. This correlation can be
extended to other conditions and other models to predict
impact of sampling conditions on the tissue prior to actual
sampling.

■ METHODS
Solution and Reagents. Tissue culture medium was 50% opti-

MEM, 25% horse serum, 25% Hank’s balanced salt solution with
phenol red (all from Gibco, of Life Technologies, Carlsbad, CA),
supplemented with 1% D-(+)-glucose (Sigma-Aldrich, St. Louis, MO),
and filtered through a Nalgene filter (0.1 μm pore size, Fisher
Scientific, Waltham, MA). Part way through this work, the surgical
protocol was modified. The two protocols differ in treatment of freshly
chopped tissues. In the initial method of tissue preparation, filtered
Gey’s balanced salt solution (GBSS, Sigma-Aldrich) supplemented
with 0.5% D-(+)-glucose and 2.7 mM MgSO4 was used as the
dissection solution. The dissection solution in the altered protocol was
a serum-free version of the culture medium, substituting opti-MEM
solution for the horse serum. Hank’s balanced buffer solution (HBSS,
Gibco) was used during sampling, for rinsing of tissues, and for culture
imaging. Propidium iodide (PI) solutions for cell death studies were

prepared by dissolving solid PI (Sigma-Aldrich) in HBSS at a final
concentration of 0.35 mM and freezing until use.

Surgical and Culturing Procedure. Surgical and culturing were
done in the same fashion as previously.54 During the time of data
acquisition, the surgical protocol for preparing tissue cultures was
altered to obtain healthier tissues that lived longer than those we had
been preparing. We will call the first protocol the “initial” protocol.44

The new technique was that outlined by Gogolla et al.55 and will be
referred to as the Gogolla technique. As only normal, viable cultures
were used in experiments, differences in culture survival rate resulting
from changing the protocol did not influence the results.

In both protocols, the hippocampal region of a 7 days postnatal
(p7) Sprague−Dawley rat pup was removed from the brain and
chopped perpendicular to the septotemporal axis using a tissue
chopper (McIlwain, model TC752) to a thickness of 350 μm. There
were three significant differences between the two surgical protocols:
(1) The Gogolla technique called for disinfection of freshly
decapitated heads by submersion in 70% ethanol prior to dissection.
(2) The dissected hippocampi were transferred to the tissue chopper
in a “wet” fashion via submersion in dissection medium and transferred
from there with a wide-bore pipet. This contrasts to the initial
procedure in which transfer was done in a “dry” fashion by simply
placing the dissected hippocampi on the chopper surface with a
spatula. (3) The Gogolla protocol involved incubating freshly chopped
slices at 4 °C in dissection medium for 30−90 min before plating.
Tissue slices that remained attached to others were separable by gently
swirling the dish and/or gently aspirating medium and slices with a
wide bore pipet. Rarely, slices needed to be carefully pried apart with
spatulas. In the initial surgical protocol, freshly chopped tissues were
immediately submerged in GBSS (4 °C), physically separated with a
microspatula, and immediately plated.

Plating and all culture maintenance following plating were identical
in both procedures. To plate, 2−3 tissues were placed onto each
porous (0.4 μm) modified PTFE insert membrane surface (Millipore,
Bedford, MA), and cultured in a 6-well plate (Sarstedt, Newton, NC)
over 1.2 mL of serum-containing medium. The OHSCs were
incubated in 5% CO2 and 95% air for 5−8 days at 36.5 °C before
use. The medium was exchanged every 2−3 days during incubation.

Sampling: General procedure. To check viability of tissues
before use in experiments, PI was added to the culture medium at a
final concentration of 7 μM 16−24 h prior to the desired sampling
time. To create a positive control for tissue damage, one pair of
cultures on a single insert was intentionally killed by direct exposure to
20−50 μL of methanol (MeOH). After 1−2 min of exposure, excess
MeOH was then aspirated away. To prepare tissues for imaging, the
PI-containing medium was exchanged for warmed (37 °C), PI-free
culture medium. PI fluorescence was detected using an inverted
fluorescence microscope (IX-71 with U-MGIW2 cube from Olympus,
Melville, NY) equipped with a 4× (0.16 NA) objective and image
acquisition software (Simple PCI). The exposure time used for
assessing PI fluorescence was set to the lowest autoexposure time for
the two MeOH-treated OHSCs. Any OHSC showing extensive cell
death was noted and not used for sampling. In addition to screening
via PI staining, the general structural integrity and proper morphology
was examined under bright field. Tissues in which any part of the
hippocampal formation was unrecognizable or in which abnormal
growth is observed were also discarded. All tissues were then returned
to the incubator while preparations were made for sampling, typically
begun within the next hour.

Capillary Preparation and Mounting. Both capillaries were made
of fused silica (Polymicro Technologies, L.L.C., Phoenix, AZ). The
collection capillary, with i.d. varying from 50 to 150 μm, was cut to 30
cm with a Shortix capillary cutter (Scientific Instrument Services,
Ringoes, NJ), which uses a diamond blade to ensure a clean, straight
cut to the end. The source capillary was prepared by pulling capillaries
of 200 μm i.d. fused silica capillary to a bee-stinger-type tip using a
capillary puller (model P-2000, Sutter Instruments, Inc., Novato, CA).
The bee-stinger tip was trimmed with a razor blade to create the
desired tip diameter (15−30 μm). This process was monitored by live
imaging on the IX-71 microscope under bright field illumination. The
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capillaries were mounted on two separate electronic micromanipula-
tors (Model MP-285, Sutter Instruments, Inc.) attached to the IX-71
microscope stage. The electronic manipulators allowed precise control
of the sampling and source lumen in and around the tissue surface.
The distal end of each capillary was held in place in a dish filled with
HBSS. The source capillary was mounted at a 45° angle to the
microscope stage and the collection capillary perpendicular to the
microscope stage.
Capillary Filling. The collection capillary was filled with HBSS

through syringe injection from the proximal end of the capillary. The
source capillary was best filled by applying a vacuum to the nontapered
distal end while the proximal tapered tip was submerged in the HBSS
which was filtered through a filter apparatus containing an inline frit
with a 0.5 μm pore size (Idex Health and Science, Oak Harbor, WA).
To avoid siphoning, the fluid below the tissue was at the same height
as the fluid in the dish at the distal end of the source capillary.
Capillary Positioning. The positions of each capillary were carefully

monitored by the shadows the capillaries cast over the tissue when live
imaging in bright field mode. Figure SI-7 describes the capillary
placement process. The source capillary tip was inserted into the tissue
at a desired insertion depth (referred to as DBS in several instances
within this publication) and the collection capillary positioned above
the tissue, in contact with HBSS solution, at a desired distance (CTD).
The distance between the capillaries could be calculated geometrically,
according to the diagram illustrated in Figure SI-3.
Platinum electrodes attached each proximal HBSS-filled dish to a

high voltage source, model PS350 from Stanford Research Systems
(Sunnyvale, CA). Once the capillaries are positioned, the voltage
source was turned on and sampling commenced.
One 6-well plate was removed at a time from the incubator for all

sampling experiments. All viable OHSCs were sampled before the
plate was returned to the incubator, remaining out for approximately
1.5 h. In any given 6-well plate, at least two tissues were not sampled
to serve as live (negative) controls. Capillary-to-tissue distances ranged
from 15 to 50 μm and source insertion depths were either 40 or 60
μm. With these parameters, the distance between the center of the
source lumen to the tissue surface under the center of the sampling
lumen ranged from 100 to 150 μm. Applied voltage ranged from 100
to 800 V and was applied for 5 min. After sampling one location in a
tissue, the voltage was shut off and the capillaries were removed and
sampling proceeded to the next tissue. After sampling all the desired
tissues, all negative controls (two per plate), two positive controls
(MeOH-treated), and all sampled tissue were treated with PI (7 μM in
culture medium) overnight. The next day, medium was exchanged for
HBSS buffer solution for imaging. Imaging was done in the same
fashion as the screening for cell death prior to sampling, using the IX-
71 inverted fluorescence microscope with a 4× objective, setting the
exposure time to the lowest of the auto exposure times of the two
MeOH-treated tissues.
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